1.. Introduction {#s1}
================

The dynamics and regulation of actin-filament growth and decay play a central role in the generation of force for protrusion \[[@RSFS20140006C1],[@RSFS20140006C2]\]. During migration, cells become polarized and form a thin flat veil-like protrusion called a lamellipodium at the cell front. Similar protrusions also form during cell spreading on a surface, sometimes extending around the whole cell periphery \[[@RSFS20140006C3]\]. In both cases, at the molecular level, forward-directed growth of an actin filament network tethered to the substrate is thought to provide the motive force pushing the cell membrane forward via a ratchet-like mechanism that rectifies thermal fluctuations in the filament--membrane gap \[[@RSFS20140006C1],[@RSFS20140006C2],[@RSFS20140006C4]--[@RSFS20140006C6]\]. The strength of interfacing of the actin network to the substrate determines what portion of new polymerization contributes to forward protrusion \[[@RSFS20140006C7]\]. If filaments are tightly tethered to the substrate, polymerization generates forward protrusion but in the absence of coupling, the actin network slips over the substrate, giving rise to an immobile leading edge and retrograde actin flow. Non-motile cells display a constant retrograde flow of F-actin, whereas motile cells may show a combination of forward protrusion and retrograde flow \[[@RSFS20140006C8],[@RSFS20140006C9]\].

Because of the physiological importance of lamellipodial protrusion and migration in development, immunity and cancer, the molecular mechanisms underlying actin dynamics in the lamellipodium have intensely been studied. The current consensus is that activation of the Arp2/3 complex at the leading membrane by WAVE family proteins leads to the formation of a branched network of actin filaments with their fast growing barbed-ends pointing towards the membrane and providing the motive force for protrusion \[[@RSFS20140006C10]--[@RSFS20140006C13]\]. Filament growth against the front membrane displaces the existent F-actin network rearwards \[[@RSFS20140006C12],[@RSFS20140006C14],[@RSFS20140006C15]\]. Away from the front membrane, filament growth is progressively blocked by association of capping proteins to filament barbed-ends and depolymerization occurs through a combination of monomer loss from the pointed-ends and severing. A growing number of proteins participating in actin network dynamics have been identified with apparently redundant functions. For example, barbed-ends can be capped either by heterodimeric capping-protein or Aip1, with each binding preferentially to subsets of filaments at different stages of adenosine triphosphate (ATP) hydrolysis \[[@RSFS20140006C16],[@RSFS20140006C17]\]. Severing and end depolymerization appear to result primarily from the action of actin depolymerizing factor (ADF)/cofilin though the relative importance of end depolymerization versus severing remains a matter of debate \[[@RSFS20140006C18]\]. To add further complexity to this picture, the actin network topology can be modified through the action of a number of proteins (such as myosin, coronin, cortactin), which can also affect actin turnover dynamics \[[@RSFS20140006C19]\]. Though *in vitro* study of individual proteins has proven a powerful method for understanding function, it is becoming increasingly apparent that protein function depends strongly on environmental conditions. For example, cofilin family proteins generally lead to net depolymerization of the actin network \[[@RSFS20140006C20]--[@RSFS20140006C22]\], but under some conditions the creation of new barbed-ends associated with severing has been shown to lead to net polymerization and lamellipodial extension \[[@RSFS20140006C23]\]. This complexity presents a significant challenge to understanding the global behaviour of the lamellipodium and its function at the cell level.

Despite the wealth of experimental studies, the spatial organization of actin turnover within the lamellipodium also remains a matter of debate; yet, it underlies the very basis of structural integrity of the lamellipodium and its physiological function. It is generally argued that the leading-edge boundary acts as the main source of F-actin while the lamellipodium body behaves as a sink \[[@RSFS20140006C15]\]. Although incorporation is highest at the tip of the leading edge owing to its high barbed-end density, a point of controversy has been whether incorporation occurs exclusively there \[[@RSFS20140006C14],[@RSFS20140006C24]--[@RSFS20140006C26]\] or over a more extended region \[[@RSFS20140006C15],[@RSFS20140006C27]\]. Evidence for the former stems in particular from photobleaching experiments that show a 'recovery front' of actin fluorescence that sweeps from tip of the leading edge through the lamellipodium at the speed of retrograde flow \[[@RSFS20140006C14]\] ('convective recovery'), whereas evidence for the latter comes from the detection of speckles of actin monomer incorporation throughout the lamellipodium ('reactive recovery') \[[@RSFS20140006C15],[@RSFS20140006C16],[@RSFS20140006C27]\].

Numerical modelling studies have explored the complex interplay between protein activity, network structure and protrusion to understand actin dynamics on a global level, but to date, most models have relied on explicit modelling of biochemical reactions and network structure (see reviews in \[[@RSFS20140006C28],[@RSFS20140006C29]\]). Though informative, such approaches have limitations. Indeed, the *in vitro* reaction rate measurements they are based on may not reflect *in vivo* rates and, despite a growing number of known pair-wise protein interactions, our knowledge is far from complete. Finally, the vast number of reactions and proteins involved can obscure the search for emergent properties of lamellipodial actin dynamics. In summary, despite a wealth of experimental and theoretical work as well as a growing consensus on the biochemical ingredients at play in lamellipodial actin turnover \[[@RSFS20140006C13]\], fundamental questions remain controversial, including (i) the location of monomer insertion in the lamellipodium, (ii) the turnover of actin in the bulk of the lamellipodium, (iii) what controls actin density, and (iv) what parameters should be measured to characterize the impact of perturbations.

Here, we examined these questions in two cell types with well-developed lamellipodia but very different dynamics: HL60 neutrophil-like cells that are highly motile and show strong coupling between their lamellipodial actin and the substrate; and B16-F1 mouse melanoma cells, with a stationary lamellipodium and high retrograde flow. We measured the spatio-temporal dependence of actin incorporation and dissociation kinetics using cells stably expressing actin monomers doubly labelled with mRFP and photoactivatable GFP (PA-GFP), and explored the commonalities between both cell types to derive a general empirical model for lamellipodial actin turnover dynamics. Our analytical approach was designed to formalize and explain global features of the lamellipodial actin network with minimal assumptions on its detailed structure or biochemical behaviour. We find that the characteristic width of the lamellipodium, a directly measurable parameter, emerges as a phenomenological handle to assess the impact of chemical or genetic interventions.

2.. General experimental approach {#s2}
=================================

We sought to characterize general properties of steady-state lamellipodial actin turnover dynamics by examining the commonalities between two cell types with prominent lamellipodia: HL60 neutrophil-like cells, which are highly motile, and B16-F1 cells, which are stationary. Both cell types expressed actin monomers simultaneously tagged with two fluorophores: mRFP and a PA-GFP that only fluoresces once activated with 405 nm light \[[@RSFS20140006C22],[@RSFS20140006C30]\]. These two fluorophores provide experimental degrees of freedom to discern actin growth and decay kinetics in the steady state phenomenologically. For all cells, steady-state behaviour was identified by confirming the absence of notable change in the overall F-actin density distribution (measured with the mRFP fluorescence intensity) and in the overall cell shape over several minutes, several-fold longer than the typical actin turnover time (approx. 1 min for both HL60 and B16-F1; see the electronic supplementary material, §C.2).

We inferred the turnover dynamics by selectively photoactivating regions of a cell and measuring the intensity decay of both fluorophores simultaneously. At any given location at times long compared to the characteristic time associated with actin monomer diffusion, fluorescence intensity may vary due to (i) actin monomer dissociation kinetics ('reactive dynamics') and (ii) retrograde flow of the actin network ('convective dynamics') when the actin network is not stationary relative to the substrate. Therefore, to differentiate between these contributions in each cell type, we first established the presence or absence of retrograde flow by photoactivating the PA-GFP-actin in a small region of the lamellipodium and then monitoring the PA-GFP fluorescence over time. The mRFP-actin is unaffected by the photoactivating light. Knowledge of the network flow allows the subtraction of the convective component from the total measured fluorescence intensity, and hence the calculation of the (reactive) monomer binding/unbinding kinetics. We define *ω*~+~ and *ω*~−~ as, respectively, the instantaneous phenomenological rates of actin association and dissociation per unit density of F-actin. These rates are purely empirical and are measurable unambiguously and independently of either the underlying biochemical mechanisms or the filament network topology.

In HL60 cells, the spatio-temporal dependence of *ω*~+~ and *ω*~−~ was measured by photoactivating a small rectangular region spanning the length of the lamellipodium. In all the cells analysed, photoactivation altered only the PA-GFP fluorescence but not the mRFP distribution, suggesting that it had no effect on the regulatory kinetics of actin turnover \[[@RSFS20140006C31]\] (figures [1](#RSFS20140006F1){ref-type="fig"} and [2](#RSFS20140006F2){ref-type="fig"}; electronic supplementary material, D.1, D.2). In the network rest frame of HL60 cells, which show no retrograde flow, the mRFP fluorescence intensity at a location *x* and at a time *t*, *I*~R~(*x*; *t*), is proportional to the total local F-actin density and any change therefore reflects the net balance of growth (*ω*~+~) and decay (*ω*~−~):On the other hand, provided that the photoactivated region is small compared with the cell volume, reincorporation of photoactivated monomers after dissociation occurs with a negligible probability and therefore the temporal evolution of the PA-GFP intensity *I*~G~(*x*; *t*) predominantly reflects decay kinetics only. The size of the photoactivated region was sufficiently small to minimize reincorporation of photoactivated monomers but sufficiently large for our measurements to possess a good signal-to-noise ratio. We expect reincorporation to be most significant immediately after photoactivation because the proportion of fluorescent to non-fluorescent monomers is greatest \[[@RSFS20140006C32],[@RSFS20140006C33]\], and therefore our data fitting was done over the largest possible time spans. Thus, in the absence of retrograde flow, *ω*~+~ and *ω*~−~ are determined from the decays of the distributions *I*~R~ and *I*~G~/*I*~R~:andProvided *ω*~+~ and *ω*~−~ are time- and location-independent (and as confirmed below), both *I*~R~ and *I*~G~ have an exponential solution *I*~R,G~ ∝ exp(*κ*x), wheredefines a characteristic length scale and *v* is the speed of the cell motion. Details of the analysis are given in the electronic supplementary material, §A. Figure 1.Actin turnover in the lamellipodium of motile HL60 cells. (*a*) Photoactivation of PA-GFP actin monomers at time *t* = 0 of a rectangular strip (contained within the dashed white lines) across the lamellipodium of an HL60 cell. The mRFP channel, measured simultaneously, is unaffected by the photoactivation. (*b*) mRFP intensities *I*~R~(*x*, *t*), averaged across the strip, at time intervals of 2.5 s, together with fits to a travelling exponential function over a constant background level (dotted curves; see §4). The front of the distribution was determined from the intensity maximum, which progresses leftward with velocity 0.11 ± 0.01 μm s^−1^. The cell has moved out of the image frame at times 7.5 and 10.0 s, and the corresponding distribution fronts were therefore estimated by extrapolation. (*c*) PA-GFP intensities *I*~G~(*x*, *t*) for the same region and same times as in (*b*). Intensity is zero before photoactivation (*t* \< 0). (*d*) Spatial decay: log\[*I*~R~(*x*, *t*)\] (red lines) and log\[*I*~G~(*x*, *t*)\] (green lines) obtained from (*b*,*c*) are normalized to their values at *x* = 0 and plotted as functions of *x* for each *t* value. (*e*) The spatial decay constants *κ*, obtained from the slopes of the plots in (*d*), show no notable time dependence. Average values: *κ*~R~ = 0.21 ± 0.01 µm*^−^*^1^ (circles, dotted-dashed line), *κ*~G~ = 0.23 ± 0.03 µm*^−^*^1^ (squares, dashed line) (*n* = 7 points). (*f*) Temporal decay: log(*I*~G~) and log(*I*~G~/*I*~R~) normalized to their values at *t* = 0 and plotted as functions of time for each *x*. (*g*) Temporal decay constants *ω*~−~ (circles) and *ω*~+~ (squares) were derived from the slopes in (*f*) (equations (2.2) and (2.3)) and show negligible *x* dependence. Average values: (dashed line), (dotted-dashed line) (*n* = 24 points). (Online version in colour.) Figure 2.Actin turnover in the lamellipodium of stationary B16-F1 cells. (*a*) Photoactivation at time *t* = 0 of a rectangular region (white dotted lines) in the lamellipodium of a B16-F1 cell. (*b*) PA-GFP intensity *I*~G~(*x*, *t*) after photoactivation plotted as a function of *x*, at 2.5 s time intervals. The intensity maximum *x*~max~ retreats at constant velocity *v* = 1.0 µm min^−1^ (see also the electronic supplementary material, figure D.1*d*,*f*). (*c*) The spatial decay constants *κ*~G~ of the exponential regime of the PA-GFP intensity distribution *I*~G~(*x*, *t*) (green circles, mean value , *n* = 20 points, dashed line) and *κ*~R~ of the mRFP distribution *I*~R~(*x*, *t*) (red diamonds, , *n* = 20 points, dashed-dotted line), plotted as functions of time. (*d*) log\[*I*~G~(*x*, *t*)\] plotted as functions of *t* for each *x* \> *x*~max~. (*e*) The temporal decay constants *ω*~−~ (circles, mean value , *n* = 14 points, equation 2.5)), obtained from the slopes in (*d*) plotted as a function of *x*. The dashed-dotted line indicates *ω*~−~, derived as *ω*~+~ + *κv* ≈ 0.035 ± 0.003 s*^−^*^1^ (equation 2.4)). (Online version in colour.)

B16-F1 cells are stationary but display a constant retrograde flow (see Results). The network dynamics is formally identical to the HL60 cells, albeit after a change of reference frame *x* → *x* − *vt* (see §3.1). Thus, equation (2.2) remains true in the network rest frame. However, in the substrate rest frame, the combined convective and reactive contributions to fluorescence change givewhich allows the determination of *ω*~+~ from the PA-GFP distribution *I*~G~ (electronic supplementary material, §A). Equation (2.4) then yields *ω*~−~ = *ω*~+~ + *κv*.

3.. Experimental results {#s3}
========================

3.1.. Network flow {#s3a}
------------------

First, we determined the actin network flow dynamics in HL60 cells travelling under agar, a condition in which they can navigate chemoattractant gradients but possess broader lamellipodia (5--10 µm width) than on two-dimensional substrates \[[@RSFS20140006C34]\]. After verifying that the observed cell was at steady state (see the electronic supplementary material, §C.2), we photoactivated small circular regions (diameter \< 1 µm) and monitored their displacement while the cell moved steadily. The photoactivated spots remained stationary relative to the substrate while the leading edge membrane advanced at a constant velocity (*v* = 0.086 ± 0.018 µm s^−1^, 15/15 cells; electronic supplementary material, videos S1, S2). There was therefore no retrograde flow (i.e. no 'convective' contributions to recovery) in the HL60 cells and variations in fluorescence at a given substrate location resulted exclusively from the binding or release of actin monomers ('reactive' fluorescence recovery).

B16-F1 cells possess comparatively narrower lamellipodia (average width 1.2 ± 0.1 μm, *n* = 28 cells) and, in contrast to HL60 cells, their leading edge is essentially stationary. We measured retrograde flow velocity by photoactivating a thin band of the leading edge. The peak in fluorescence moved towards the cell rear at a constant speed, indicating a steady retrograde flow of the F-actin network (*v* = 0.018 ± 0.014 µm s^−1^, 10/10 cells observed; electronic supplementary material, video S3).

These results imply that (i) in both cell types, the F-actin flow away from the leading-edge membrane had a single, constant velocity relative to the front edge, hereafter called *v*, (ii) there was therefore no detectable compaction of the actin network within the lamellipodium, and (iii) different regions of the network did not interpenetrate. The variations in F-actin density must therefore result from actin filament association and dissociation at sites advected along with the network with velocity *v*. These observations allow the reactive dynamics in both cell types to be compared directly after a change of reference frame (*x* → *x* − *vt*).

3.2.. Actin association and dissociation rates, *ω*~±~ {#s3b}
------------------------------------------------------

### 3.2.1.. HL60 cells {#s3b1}

To determine the empirical rates *ω*~+~ and *ω*~−~ in steady-state HL60 cells, we measured *I*~R~(*x*, *t*) and *I*~G~(*x*, *t*) by photoactivating a thin strip oriented perpendicular to the leading edge (in between the white dashed lines, [figure 1](#RSFS20140006F1){ref-type="fig"}*a*) and averaged fluorescence intensities across the width of the strip (approx. 7.0 µm) to enhance the signal-to-noise ratio. *I*~R~(*x*, *t*) displayed a distinct peak, which corresponded to the position of the leading-edge membrane. This peak moved with a constant velocity, consistent with steady-state motion of the cell (*v* = 0.076 ± 0.015 µm s^−1^, [figure 1](#RSFS20140006F1){ref-type="fig"}*b*). Plots of log\[*I*~R~(*x*, *t*)\] revealed an exponential decay with distance from the front (*κ*~R~ = 0.22 ± 0.01 µm *^−^* ^1^, [figure 1](#RSFS20140006F1){ref-type="fig"}*d*,*e*; data measured for *x* greater than 1/*κ*~R~ ∼ 5 µm were dominated by noise and were discarded for the analysis). Immediately after photoactivation, the spatial profile of *I*~G~(*x*, *t* = 0) matched *I*~R~(*x*, *t* = 0) because individual monomers were photoactivated with equal probability ([figure 1](#RSFS20140006F1){ref-type="fig"}*a*--*c*). Consistent with the absence of retrograde flow (§3.1), the peak in *I*~G~(*x*, *t*) remained stationary while its amplitude decreased with time ([figure 1](#RSFS20140006F1){ref-type="fig"}*c*).

To derive experimental measurements of *ω*~+~ and *ω*~−~ at each location *x*, we plotted log\[*I*~G~/*I*~R~\] and log\[*I*~G~\], normalized to their values at *t* = 0, as functions of *t* ([figure 1](#RSFS20140006F1){ref-type="fig"}*f*), as suggested by equations (2.2)--(2.3). Within experimental error, all the data collapsed onto single straight lines ([figure 1](#RSFS20140006F1){ref-type="fig"}*f*), indicating that *I*~G~/*I*~R~ and *I*~G~ decayed exponentially on time scales *ω*~+~ and *ω*~−~ that were constants over most of the lamellipodium width (*ω*~+~ = 0.085 ± 0.014 s*^−^*^1^, *ω*~−~ = 0.115 ± 0.012 s*^−^*^1^, [figure 1](#RSFS20140006F1){ref-type="fig"}*g*). In other words, the net rates of F-actin association and dissociation, which are given by *ω*~+~*I*~R~ and *ω*~−~*I*~R~, depend explicitly on the actin density at a given location but not significantly on the distance from the leading edge. This result is confirmed by the fact that the spatial decay constant *κ*~G~ of *I*~G~, obtained from the slope of log\[*I*~G~(*x*, *t*)\] as a function of *x*, did not vary significantly with time even though its relative position within the leading edge did change ([figure 1](#RSFS20140006F1){ref-type="fig"}*d*--*e*). The average value of *κ*~G~ (0.23 ± 0.03 µm*^−^*^1^) was also not significantly different from *κ*~R~ derived from *I*~R~ (*p* = 0.5, [figure 1](#RSFS20140006F1){ref-type="fig"}*e*). The persistence of linear behaviour in log\[*I*~G~(*x*, *t*)\] over the whole *x* and *t* ranges suggests that actin monomers dissociate with uniform probability. The difference *ω*~−~ − *ω*~+~ was always positive and not significantly different from *κv* (*p* = 0.1), as required in the steady state and as predicted by equation (2.4).

Qualitatively similar results were obtained in all cases examined (7/7 cells, [figure 8](#RSFS20140006F8){ref-type="fig"}*a*; electronic supplementary material, video S4).

### 3.2.2.. B16-F1 cells {#s3b2}

We performed a similar analysis for B16-F1 cells, where strong retrograde flow implies that the actin rest frame is not stationary with respect to the substrate (§3.1; electronic supplementary material, figure D.1). Because the lamellipodia of B16-F1 cells are much narrower than those of HL60 cells, we positioned the activation rectangle over a longer segment of the lamellipodium to allow better averaging ([figure 2](#RSFS20140006F2){ref-type="fig"}*a*, white dotted line). Plots of the red fluorescence intensity profiles *I*~R~(*x*, *t*) displayed a prominent peak corresponding to the leading-edge membrane (electronic supplementary material, figure D.1*a*). In contrast to HL60 cells, this peak was stationary (electronic supplementary material, figure D.1*d*), in agreement with lack of movement and steady-state behaviour within the experimental time frame. Immediately after photoactivation, the PA-GFP intensity profile *I*~G~(*x*, *t* = 0) again matched the mRFP profile ([figure 2](#RSFS20140006F2){ref-type="fig"}*a*,*b*; electronic supplementary material, figure D.1*b*, top curve). Over time, the amplitude of the peak in *I*~G~(*x*) decreased and its position moved away from the tip of the leading edge with a constant velocity *v* ≈ 1.1 µm min^−1^, consistent with the presence of retrograde flow (electronic supplementary material, figure D.1*b*,*c*).

When we plotted log\[*I*~G~(*x*, *t*)/*I*~G~(*x*, *t* = 0)\] as a function of *t* at each location *x* on the substrate, all the data collapsed onto the same straight line ([figure 2](#RSFS20140006F2){ref-type="fig"}*d*) showing that *I*~G~(*x*, *t*)/*I*~G~(*x*, 0) is an exponential function with a characteristic time scale *ω*~+~ that is both *x*- and *t*-independent in B16-F1 cells (equation (2.5); electronic supplementary material, figure D.1*i*). Results for six different cells are plotted against *x* in the electronic supplementary material, figure D.1*j*, and display no systematic trend.

Consistent with this result, when we plotted log\[*I*~G~(*x*, *t*)/*I*~G~(*x* = 0, *t*)\] or log\[*I*~R~(*x*, *t*)/*I*~R~(*x* = 0, *t*)\] as functions of *x* for each *t*, all the data again collapsed onto a single straight line (electronic supplementary material, figure D.1*d*,*e*), implying that both distributions are of the form exp(*−κx*). The spatial decay constants *κ*~R,G~ were constant in time and did not differ significantly for *I*~G~ (*κ*~G~ = 0.66 ± 0.02 µm*^−^*^1^) and *I*~R~ (*κ*~R~ = 0.63 ± 0.02 µm*^−^*^1^) (*p* = 0.1) ([figure 2](#RSFS20140006F2){ref-type="fig"}*c*; electronic supplementary material, D.1*f*). This result justifies the combination of equations (2.4) and (2.5) to obtain *ω*~+~ = 0.024 ± 0.002 s*^−^*^1^ and *ω*~−~ = 0.035 ± 0.003 s*^−^*^1^ (dashed-dotted line, figures [2](#RSFS20140006F2){ref-type="fig"}*e* and [8](#RSFS20140006F8){ref-type="fig"}*a*).

Qualitatively similar results were obtained in all cases examined (7/7 cells).

### 3.2.3.. Cytoplasmic activation in B16-F1 {#s3b3}

The above analysis, in both HL60 cells and B16-F1 cells, yielded *ω*~+~ values that were nonzero and of comparable magnitude to *ω*~−~, suggesting that actin incorporation occurred significantly throughout the lamellipodium, and not only at the tip of the leading edge. These results are in direct contrast to recent photoactivation studies \[[@RSFS20140006C14]\] but in agreement with data from speckle microscopy experiments \[[@RSFS20140006C15],[@RSFS20140006C27]\]. To confirm our results using an independent method, we photoactivated free actin monomers in the B16-F1 cell body and monitored their gradual incorporation into the lamellipodium. In these conditions, *I*~G~(*x*, *t*) reports directly on F-actin association. [Figure 3](#RSFS20140006F3){ref-type="fig"}*a* shows a gradual increase in lamellipodium fluorescence after photoactivation of a large region situated outside of the imaging frame. Figure 3.Actin assembly rate in the lamellipodium. (*a*) Cytoplasmic activation at time *t* = 0 in a B16-F1 lamellipodium. The position of the leading-edge membrane derived from the red fluorescence channel is indicated by the white dashed line. (*b*) The PA-GFP intensity *I*~G~(*x*, *t*) is plotted as a function of *x* in time steps of 2.5 s. The peak intensity *x*~max~ moves at velocity *v* ∼ 0.0061 µm s^−1^. (*c*) The spatial decay constant *κ*~G~ of each curve in (*a*) for *x* \> *x*~max~ (circles, average value , *n* = 20 points, dashed line), and the spatial decay constant *κ*~R~ derived from the mRFP profile (diamonds, average value , dotted-dashed line). (*d*) The PA-GFP data normalized to the fluorescence intensity at *t* → *∞* and plotted as a function of time for each *x* \> *x*~max~ collapse onto master curve of the form *y* = 1 − *a* exp(*−bt*). (*e*) The temporal decay constant obtained by fitting the curves in (*b*) and associated with *ω*~+~ (see §3.2.3) was not dependent on *x* (average value , *n* = 28 points). (Online version in colour.)

In our experiments, after photoactivation in the cell body, the PA-GFP intensity *I*~G~(*x*, *t*) initially increased most rapidly at the leading-edge membrane, consistent with its known high polymerization rate. However, *I*~G~(*x*, *t*) also increased simultaneously for all locations behind the leading edge membrane, albeit at a slower rate ([figure 3](#RSFS20140006F3){ref-type="fig"}*b*, *x* \> 2 µm). A purely convective fluorescence recovery would imply that the onset of increase in PA-GFP intensity at a given *x* should be delayed by *δt* = *x*/*v*, the time necessary for the actin incorporation front to travel from the leading edge membrane. Thus, for *x* = 1 µm behind the leading edge membrane, we would expect a delay *δt* ∼ 0.9 min, easily measurable in our experimental conditions. Yet, no such delays were apparent.

When normalized to their values at long time scales *I*~G~(*x*, *t* → *∞*), the curves at each location *x* again collapsed onto one master curve ([figure 3](#RSFS20140006F3){ref-type="fig"}*d*; see also the electronic supplementary material, figure D.2*f*), indicating that the relative association rate *∂*log*I*~G~/*∂t* was again location-independent. These data agree with the prediction *I*~G~(*x*, *t*) = *I*~∞~(*x*)(1 − e*^−ω^* ^+^ *^t^*) (derived in the electronic supplementary material, §A.3), for a constant and *x*-independent *ω*~+~ = 0.028 ± 0.001 s*^−^*^1^, consistent with the results of [figure 2](#RSFS20140006F2){ref-type="fig"}. Further, the spatial decay constant *κ*~G~ of the *I*~G~ profile was also constant over time (*κ*~G~ = 0.46 ± 0.02 µm*^−^*^1^, [figure 3](#RSFS20140006F3){ref-type="fig"}*c*) and equal to *κ*~R~ = 0.45 ± 0.02 µm*^−^*^1^ (*p* = 0.1), obtained from the *I*~R~ data (electronic supplementary material, figure D.2). Qualitatively similar results were obtained for all cells examined (5/5 cells). These results confirm that (i) *ω*~+~ and *ω*~−~ are location- and time-independent in B16-F1 cells and (ii) actin polymerization occurs behind the leading edge membrane with an absolute rate that is proportional to the local F-actin density.

3.3.. Filament pointed-end and Arp2/3 complex distributions mirror the F-actin distribution in the lamellipodium {#s3c}
----------------------------------------------------------------------------------------------------------------

The independence of the association and dissociation rates *ω*~+~ and *ω*~−~ on both *x* and *t* observed in both cell types suggested that the combination of biochemical processes that regulate actin turnover are also independent of time and location. Indeed, for *ω*~+~ and *ω*~−~ to be constant, the overall balance of actin filament homeostasis mechanisms must be the same at all locations away from the leading edge. Assuming that association and dissociation obey first-order kinetics, one would therefore expect the concentrations of actin monomer association and dissociation sites (barbed and pointed ends) to be proportional to the local F-actin density. A reasonable further hypothesis is that all of the structural and kinetic parameters influencing actin turnover dynamics are also proportional to the local F-actin density. Thus, although the absolute F-actin density varies with distance away from the leading edge membrane, the local concentrations of barbed ends, pointed ends, capped ends and filament branch points should all vary in proportion to one another. To test this hypothesis in B16-F1 cells, we compared the steady-state densities of F-actin revealed by phalloidin labelling with those of free pointed ends imaged by binding of recombinant GFP-tropomodulin and of branch points revealed by localization of the Arp2/3 complex.

To within experimental error, the spatial profile of pointed-end density across the lamellipodium closely matched the F-actin density ([figure 4](#RSFS20140006F4){ref-type="fig"}*a*, 5/5 lamellipodia examined). The similarity in density profiles indicates that, in the steady state, the distribution of free pointed ends (i.e. actin dissociation sites) decays exponentially as a function of *x* with the same decay constant *κ* as the F-actin density distribution, consistent with our hypothesis ([figure 4](#RSFS20140006F4){ref-type="fig"}*c*). Similarly, the spatial profile of branch-point density revealed by the localization of the ARPC4 subunit of the Arp2/3 complex mirrored the F-actin density profile across the lamellipodium ([figure 4](#RSFS20140006F4){ref-type="fig"}*b*,*d*, 5/5 lamellipodia examined). These data indicate that, in the steady state, free pointed ends and branch points are distributed throughout the lamellipodium rather than being confined to any specific region. The density of both free pointed ends and branch points decayed exponentially with distance from the leading-edge membrane with the same characteristic length scale as the F-actin density. Figure 4.Spatial localization of pointed ends and branch points. Comparison of F-actin density distribution obtained by rhodamine-phalloidin staining (Rh-Ph, thick grey lines) with the free pointed-end distribution (tropomodulin (Tm)-GFP in *a*), and the Arp2/3 complex density distribution (ARPC4-GFP in *b*). Insets show the contour segments along which the distributions were measured. (*c*,*d*) The spatial decay constants *κ* (*x* \> *x*~max~) for both Tm and ARPC4 show good consistency with the corresponding actin *κ* values (*n* = 5, each case).

We next investigated whether the Arp2/3 spatial density profile resulted solely from incorporation into the network at the leading edge membrane before propagating by retrograde flow (as proposed by Lai *et al*. \[[@RSFS20140006C14]\]), or also from association/dissociation throughout the leading edge. Speckle microscopy experiments have highlighted the preferential incorporation of the Arp2/3 complex near the leading-edge membrane, consistent with our model, which requires the existence of a localized source term (see the electronic supplementary material, equation (B.1)) \[[@RSFS20140006C16]\]. However, our focus is on dynamics in the region *behind* the leading edge membrane. To explore this region more specifically, we carried out fluorescence recovery after photobleaching (FRAP) experiments on the ARPC4 subunit of the Arp2/3 complex ([figure 5](#RSFS20140006F5){ref-type="fig"}*a*), thereby harvesting more Arp2/3 incorporation signals in our region of interest. Following photobleaching, the ARPC4-GFP fluorescence intensity *I*~G,ARPC4~(*x*, *t*) recovered simultaneously throughout the lamellipodium and not exclusively at the leading edge ([figure 5](#RSFS20140006F5){ref-type="fig"}*b*). A similar analysis as for cytoplasmic activation of actin ([figure 3](#RSFS20140006F3){ref-type="fig"}; electronic supplementary material, figure D.2) showed that the ARPC4-GFP fluorescence recovered exponentially. When we normalized recovery to fluorescence intensity at *t* → *∞*, all curves collapsed onto one master curve independent of their distance *x* to the leading edge membrane ([figure 5](#RSFS20140006F5){ref-type="fig"}*d*). This indicated that Arp2/3 complex incorporation occurred throughout the lamellipodium with a uniform effective rate constant ([figure 5](#RSFS20140006F5){ref-type="fig"}*e*). Furthermore, the spatial distribution of Arp2/3 complex fluorescence intensity at each time point was exponential and its spatial decay constant *κ*~ARPC4~ was constant over time ([figure 5](#RSFS20140006F5){ref-type="fig"}*c*). If fluorescence recovery was 'convective' rather than 'reactive', the intensity recovery within the lamellipodium would be delayed by a time proportional to distance from the leading edge. Our experimental results show no such delay ([figure 5](#RSFS20140006F5){ref-type="fig"}*b*,*d*). Taken together, these results suggest that Arp2/3 incorporation occurs throughout the leading edge at a constant rate and with an amplitude proportional to the local Arp2/3 density, and hence proportional also to the local F-actin density. Figure 5.Arp2/3 turnover in the lamellipodium of B16-F1 cells. (*a*) Fluorescence recovery after photobleaching of the ARPC4-GFP subunit of the Arp2/3 complex in a B16-F1 lamellipodium. Photobleaching was effected at *t* = 0 s. (*b*) Spatial profile of ARPC4-GFP fluorescence intensity averaged over the contour shown in (*a*) and plotted at intervals of 2.5 s. (*c*) The spatial decay constant *κ*~ARPC4~, obtained from an exponential fit of each curve for all positions *x* \> *x*~max~ shows no noticeable time dependence (mean value *κ*~ARPC4~ = 1.7 ± 0.1 µm*^−^*^1^, *n* = 22 points). (*d*) Intensity data shown in (*b*), normalized to values *t* → *∞* and plotted as a function of time for each position *x* \> *x*~max~. All curves collapse onto a single master curve of the form *y* = *a* (1 − e*^−*ω*t^*). (*e*) Temporal decay constants *ω*, obtained by fitting each curve in (*d*). Decay constants show no noticeable *x* dependence (mean value 0.070 ± 0.002 s^−1^, *n* = 10 points).

4.. Theoretical model {#s4}
=====================

Together, our experimental results showed that actin turnover dynamics depended only on the local F-actin network density, with no explicit dependence on distance from the leading edge membrane. The data suggest that the processes regulating the turnover of F-actin, barbed-ends, pointed-ends and branch-points are all governed by kinetic parameters that are spatially uniform behind the leading edge membrane. To explore this hypothesis theoretically and to derive testable hypotheses, we developed a mathematical description of the lamellipodium that naturally expresses these observations. Extending the approach of Mogilner *et al*. \[[@RSFS20140006C35]\] and Dawes *et al*. \[[@RSFS20140006C36]\], we treated the system as a continuum controlled by a set of basic biochemical processes. By modelling these generic phenomenological processes probabilistically in terms of the continuum density, rather than by starting from explicit molecular mechanisms, we minimized the assumptions on the actin system microstructure and its detailed proteic composition. This approach does not deny the complexity of lamellipodial dynamics but exploits the idea that, to a good approximation, this complexity can be treated implicitly. In numerical simulations, detailed molecular mechanisms underlying turnover of actin filaments are commonly treated explicitly (e.g. using a picture similar to [figure 6](#RSFS20140006F6){ref-type="fig"}*a*); this often requires assumptions on the network structure that are beyond the reach of measurement. We here used a more abstract one-dimensional representation in terms of the local actin density *A*(*x*). As suggested in the above experimental results, the main dynamic features of the system are in proportion to *A*(*x*) and our model therefore aims to clarify the consequences of this empirical property on the balance and interdependence of the processes that regulate steady-state dynamics. Our model also predicts, at least qualitatively, experimentally verifiable effects, in particular on the lamellipodium length scale, of altering basic processes such as filament capping, severing and side branching by genetic or pharmacological intervention in steady-state conditions. Figure 6.Conceptual framework for a continuum approximation of the lamellipodium. (*a*) A common representation of the lamellipodium actin system, explicitly showing filament barbed-ends, pointed-ends, and junctions. (*b*) A one-dimensional equivalent continuum representation, expressed through the concentration distribution of the filament ends. These distributions can be obtained by averaging their two-dimensional representation over the whole width of the lamellipodium. The total F-actin distribution (upper curve) is orders of magnitude greater than the other distributions, which account only for the filament ends. However, our experimental results suggest all concentrations decay exponentially with distance from the leading edge membrane with the same spatial decay constant *κ* as the F-actin concentration. (Online version in colour.)

4.1.. Derivation {#s4a}
----------------

We here provide an outline of the model derivation; a more thorough derivation is given in the electronic supplementary material, B. The main model assumption is that the rates of actin incorporation and dissociation are proportional to the local concentrations of filament barbed and pointed ends, *c*~B~(*x*, *t*) and *c*~P~(*x*, *t*). Thus, following equations (2.1)--(2.2), the actin association and dissociation rates in the network rest frame are written, respectively, *ω*~+~*A*(*x*, *t*) = *k*~+~*c*~B~(*x*, *t*) and *ω*~−~*A*(*x*, *t*) = *k*~−~*c*~P~(*x*, *t*), where *k~±~* are constant rates of actin incorporation and dissociation at filament ends. Other biochemical processes are assumed to contribute to the overall dynamics only via their effect on *c*~B~ and *c*~P~. The processes used in the model and their impact on these distributions are listed in [table 1](#RSFS20140006TB1){ref-type="table"}. Filament severing (at rate *k*~S~) locally creates one barbed and one pointed end. Barbed-end capping (*k*~C~) removes one barbed end and augments the concentration *c*~C~(*x*, *t*) of capped barbed ends. The creation of a filament branch point along an existing filament (*k*~B~) generates a free barbed end and an inactive pointed end (*c*~J~(*x*, *t*)), whereas an unbranching event (*k*~U~) transforms an inactive pointed end into an active one. We assume that a filament disintegrates completely when a pointed end catches up with a capped barbed end, an event that occurs at an estimated frequency *k*~−~*c*~C~*c*~P~/*A*. This is a reasonable first approximation. In a continuum model such as ours, the individual identity of filaments and their ends is neglected in favour of the mean-field approach, so proximity of plus and minus ends does not always imply that a single filament has disassembled. Our approximation is exact on the assumption that the probability that a given free pointed end is adjacent to a capped barbed end on the same filament equals the local mean-field capped-end probability, *c*~C~/*A*. The distributions thus obey the differential equationsThe terms with *∂*/*∂x* represent the advancement of each barbed/pointed end by a distance *a* (∼ half a monomer size). Barbed ends all advance at the speedand pointed ends at a different speed *ak*~−~, both in the direction of cell motion. The solution to each distribution *A*, *c*~B~, *c*~P~, *c*~C~ and *c*~J~ (see the electronic supplementary material, B) naturally assumes the form ∼exp(*κx*) withThis equation provides a simple handle for quantifying changes in the lamellipodium length scale, a directly measurable parameter, in terms of generic biochemical processes, modifiable experimentally by pharmacological or genetic intervention ([table 2](#RSFS20140006TB2){ref-type="table"}). Table 1.Kinetic formulation of network regulatory processes used in the theoretical model, expressed in terms of concentrations of F-actin (*A*), free barbed ends (*c*~B~), free pointed ends (*c*~P~), capped barbed ends (*c*~C~) and capped pointed ends (*c*~J~). A '+' represents the generation of a new filament end, and '−' its removal by a given process.event*c*~B~*c*~P~*c*~C~*c*~J~kinetic expressionsevering++*k*~S~*A*side branching++*k*~B~*A*pointed meets barbed end−−*k*~−~*c*~C~*c*~P~/*A*barbed-end capping−+*k*~C~*c*~B~pointed-end uncapping+−*k*~U~*c*~J~pointed end meets filament junction+−*k*~−~*c*~P~*c*~J~/*A* Table 2.Predicted qualitative changes (see equation (4.2) and in electronic supplementary material, equations (B.6)--(B.10) in the concentrations of barbed-ends (*c*~B~), pointed-ends (*c*~P~), capped barbed-ends (*c*~C~), and capped pointed-ends (*c*~J~), and of the spatial decay constant *κ* for single changes in biochemical reaction rates (polymerization *k*~+~, depolymerization *k*~−~, severing *k*~S~, capping *k*~C~, and branching *k*~B~). '' indicates an increase, '' a decrease, '→' no dependence, and double arrows the existence of several condition-dependent regimes.parametersymbolbarbed ends*c*~B~→→pointed ends*c*~P~capped barbed ends*c*~C~→→→capped pointed ends*c*~J~→spatial decay constant*κ*

### 4.1.1.. Dependence of the lamellipodium width on side-branching rate *k*~B~ {#s4a1}

Equation (4.2) predicts an approximately linear increase in the spatial decay constant *κ* with decreasing branching rate *k*~B~, at least in regimes where filament severing dominates branch formation (). To test this prediction, we applied increasing sub-critical doses of the Arp2/3 inhibitor CK666 in 5 µM increments \[[@RSFS20140006C37]\]. After each increment in CK666 concentration, we waited several minutes for cells to reach a new steady state and measured the new spatial decay constant *κ* from the intensity distribution in actin-mRFP. This yielded an experimental curve relating *κ* to CK666 concentration and hence decreasing branching rate *k*~B~ ([figure 7](#RSFS20140006F7){ref-type="fig"}, *N* = 8 cells). No stable lamellipodia were observed for doses exceeding 20 µM CK666. Consistent with our theoretical predictions, our experimental results revealed a progressive linear increase in *κ* with increasing dose of CK666. The last term of equation (4.2) suggests that this increase in *κ* reflects the balance between the branching and capping rates (*k*~B~/*k*~C~), which directly reflects the relative concentration of barbed ends (*c*~B~/*A*). Whereas side branching creates new free barbed ends, capping removes free barbed ends, but neither process directly alters the free depolymerizing pointed-end density. CK666 thus diminishes the relative barbed-end density, shifting the dynamic balance towards more depolymerization. Figure 7.Experimental model predictions and experimental verification in B16-F1 cells. (*a*) Response of the spatial decay constant *κ* to subcritical doses of Arp2/3 complex inhibitor CK666 (*N* = 8 cells examined). Gradients for each cell are shown in the inset histogram. (*b*,*c*) Qualitative prediction of the fluorescence profile recoveries in hypothetical FRAP experiments in the limits (*b*) and (*c*) . The inset schematic in (*b*) identifies the two sources of recovery: the recovery front from the leading edge advances rearward at speed *v* = (*ω*~−~ − *ω*~+~)/*κ*, whereas recovery throughout the lamellipodium occurs exponentially with time constant *ω*~+~.

5.. Discussion {#s5}
==============

We have examined commonalities in the steady-state lamellipodial actin association and dissociation kinetics in motile HL60 cells and non-motile B16-F1 cells. Both systems displayed first-order kinetics throughout the lamellipodium, described by rate constants that were independent of distance from the leading edge. As a consequence, the actin density distribution decays exponentially with distance from the leading edge membrane. To within measurement error, the branch-point and free pointed-end distributions also decayed exponentially with distance with the same decay constant *κ*, suggesting that the length scale 1/*κ* represents an emergent property of the lamellipodium. These results led us to hypothesize that the overall kinetics of biochemical reactions in the network were also effectively uniform across the lamellipodium. We therefore developed a simple model to relate these observations to the broad classes of known actin turnover mechanisms, and showed that the length scale *L* = 1/*κ* can be used as a simple handle to characterize the effect of perturbations.

The location of actin incorporation, either at the front membrane \[[@RSFS20140006C14],[@RSFS20140006C24]--[@RSFS20140006C26]\] or over a more extended region within the leading edge \[[@RSFS20140006C15],[@RSFS20140006C27]\], has been subject to debate. Our results unambiguously show incorporation by both modes simultaneously, as evidenced by the finite *ω*~+~ and the constant network flow emanating from the front. Earlier studies, supporting one mode or the other, are therefore not necessarily contradictory, as the choice of observation method could emphasize one mode over the other. Our theoretical model sought to reconcile the apparent contradiction in terms of the balance of association and dissociation rates. Following photobleaching, rapid polymerization at the B16-F1 leading edge generates a fluorescent front that sweeps through the entire lamellipodium over a time scale *τ*~front~ ∼ *L*/*v* = 1/(*ω*~−~ − *ω*~+~) ('convective recovery'---equation (2.4)). Meanwhile, polymerization elsewhere in the lamellipodium enables fluorescence to recover its steady-state distribution on a time scale 1/*ω*~+~ in the regions not yet reached by the recovery front ('reactive recovery'---equation (2.5)). Such reactive recovery may go unnoticed if it is much slower than convective recovery, i.e. when local dissociation is much faster than association (). If, instead, *ω*~−~ and *ω*~+~ have similar magnitudes, steady-state fluorescence recovers faster reactively than convectively. Our numerical framework could replicate both behaviours: convective recovery from the front () or recovery throughout the lamellipodium for . (In both cases, *ω*~−~ \> *ω*~+~ is a *sine qua non* condition for the steady state---equation (2.4).) Interestingly, both convective and reactive recoveries have also been documented for Arp2/3 complex components \[[@RSFS20140006C14],[@RSFS20140006C16]\] and in each case, the type of Arp2/3 recovery matched the type of actin recovery. Based on the known role of the Arp2/3 complex in actin polymerization in the lamellipodium, this suggests that differences in spatial regulation of Arp2/3 complex activation/inactivation may be the origin of the observed differences in F-actin turnover kinetics: slower inactivation or less stringent spatial regulation of WAVE family proteins may lead to nucleation over a larger spatial domain. In summary, we argue that reactive actin association occurs throughout the lamellipodium but that differences in the relative magnitudes of the rates of actin association and dissociation may lead to this effect being obscured in some experiments.

The coexisting contributions of convective and reactive fluorescence recoveries in a steady-state lamellipodium provide complementary insight into the dynamics of the underlying actin system. Convective recovery essentially expresses the rate of monomer incorporation at barbed ends at the tip of the leading edge, associated with the rearward flow velocity *v*; whereas the reactive mode reflects the combined effects of many additional processes that are assimilated phenomenologically into the association and dissociation rate constants, *ω*~+~ and *ω*~−~. These parameters describe the punctual mechanistic behaviour of the network, and they in turn determine the more global geometrical features of the whole lamellipodium, such as the spatial decay constant *κ*. This in turn may impact physiological function. The steady-state constraint *κv* = *ω*~−~ − *ω*~+~ (equation (2.4)) holds for both the HL60 and B16-F1 cells because of the scaling properties observed in both cell types ([figure 8](#RSFS20140006F8){ref-type="fig"}*b*). [Figure 8](#RSFS20140006F8){ref-type="fig"} shows that *ω*~+~ and *ω*~−~ in the HL60 cells are both greater by a factor of approximately 2.4 compared to the B16-F1 cells. The ratio *ω*~−~/*ω*~+~ ≈ 1.7, however, is remarkably similar. The velocities *v* differ even more significantly by a factor of almost 6. Consistent with equation (2.4), *κ* shows the opposite trend, being greater in the B16-F1 cells by a factor of 2.6. This analysis therefore suggests that the greater width of the HL60 lamellipodium (smaller *κ*) results from the greater value of *v*, which dominates the more modest increase in *ω*~−~ − *ω*~+~. Figure 8.Kinetic parameters and reaction rates in the lamellipodium of B16-F1 and HL60 cells. (*a*) Box-and-whisker plots for *ω*~+~ and *ω*~−~ measured in the HL60 and B16-F1 cells. Average values: , for HL60 (*n* = 7); , for B16-F1 (*n* = 6). The central line in the boxes represents the median; the box edges are the 25th and 75th percentiles; the whiskers cover the full range of measured values. for the HL60 cells and 1.7 ± 0.5 for the B16-F1. (*b*) The rate difference *ω*~−~ − *ω*~+~ plotted as a function of *κv* for the HL60 (open symbols) and B16-F1 cells (closed symbols). The points are predicted by equation (2.4) to lie on the line of unit gradient (dashed line). Box-and-whisker plots comparing (*c*) the network flow velocity *v* (mean ± s.d., HL60: 0.10 ± 0.03 µm s^−1^; B16-F1: 0.018 ± 0.014 µm s^−1^) and (*d*) the spatial decay constant *κ* (HL60: 0.27 ± 0.15 µm*^−^*^1^; B16-F1: 0.71 µm*^−^*^1^) for both cell types.

Theoretical analysis and simulations are essential complements to experiments for quantitatively understanding lamellipodium dynamics. Overwhelmingly, existing models tend to use a 'bottom-up' approach: starting from a combination of specific biochemical processes and a set of best parameter estimates, they seek to reproduce experimental observations. Inevitably, any theoretical model relies on simplifying assumptions, either with regard to the processes considered, the values of key parameters, or the topology of the F-actin network. The validity of a simulation therefore hinges on whether all relevant processes are taken into account. This is a challenging task, as the full list of relevant proteins and their precise *in vivo* behaviour remain uncertain. To avoid this problem, we considered the system from a more abstract perspective, and formally reduced its dynamics to that of actin association and dissociation sites, without involving the protein players explicitly. This 'top-down' approach sought to minimize assumptions on the detailed network structure or biochemical processes involved. Prompted by the empirical scaling laws we report, we considered the system as a single-phase continuum. We developed a theoretical framework for treating the consequences of network structure and generic biochemical processes from a purely probabilistic perspective without implementing them explicitly at a molecular level, thereby avoiding making many assumptions. Our underlying assumption was that all the biochemical processes (capping, severing, side branching, etc.) contributed to turnover dynamics only by affecting the distributions of barbed and pointed filaments ends, *c*~B~ and *c*~P~. The corresponding kinetic equations yielded analytical solutions that naturally reproduced the empirical scaling law. Another outcome of the solution is that the characteristic length scale *L* = 1/*κ* of the lamellipodium emerges as an experimental observable that can be reliably estimated through a variety of experimental techniques. Our minimal model can thus potentially unify a wide body of observations on the lamellipodium of motile and immotile cells based on the class of biochemical process each protein contributes to and the nature of the chemical or genetic perturbation.

Equation (4.2) relates the directly measurable length scale *L* with basic underlying phenomenological processes in the steady state. Because both the mobile HL60 and immobile B16-F1 cells displayed the same scaling behaviour, this equation applies to both cell types. Our model predicts that *L* decreases with decreasing side-branching rate *k*~B~, as observed in our experiments after perturbation by CK666, as well as in experiments overexpressing tropomyosin to prevent Arp2/3 complex attachment to the side of existing filaments \[[@RSFS20140006C38]\]. Also consistent with this observation, increases in *k*~B~ resulting from tropomyosin depletion produce broader lamellipodia \[[@RSFS20140006C39]\]. Equation (4.2) also predicts an increase in *L* by a decrease in the spontaneous unbranching rate *k*~U~. Interestingly, perturbations to ATP hydrolysis in Arp2/3 complex subunits broaden lamellipodia \[[@RSFS20140006C40]\]. The observed increased longevity of these Arp2/3 mutants in the F-actin network can, within our formalism, be associated with a decrease in *k*~U~.

Many experiments have examined the effects of ADF/cofilin on the lamellipodium, revealing a myriad of sometimes contradictory effects \[[@RSFS20140006C23],[@RSFS20140006C39],[@RSFS20140006C41]\]. Our model may provide insight into this paradox. Experimental evidence points to a complex interaction between cofilin and the actin network, involving either filament severing or end depolymerization activities. Within the model, cofilin-mediated pointed-end depolymerization amounts primarily to an increase of *k*~−~. This parameter appears only in the first term of equation (4.2). Equation (4.2) would therefore predict a decrease in the lamellipodium turnover time (*L*/*v*). On the other hand, severing activity is expressed by *k*~S~ and therefore in principle affects both terms, via *c*~P~ and *c*~B~, through the simultaneous creation of both pointed and barbed ends. Either reduction or increase in the turnover time may then result in different experimental systems that operate in distinct regions of the phase diagram of cofilin activity.

Experimentally, decreases in cofilin activity obtained through siRNA-mediated depletion of cofilin or depletion of the cofilin phosphatase slingshot \[[@RSFS20140006C39]\] both lead to broader lamellipodia, as expected from equation (4.2) if these perturbations principally decrease the depolymerization rate *k*~−~ rather than *k*~S~. Decreases in severing activity alone associated with depletion of twinfillin led to broader lamellipodia \[[@RSFS20140006C39]\]. By contrast, some experiments have reported increases in lamellipodium width associated with increased cofilin activity \[[@RSFS20140006C23]\]. In these, exogenous caged cofilin was microinjected into cells and suddenly uncaged by exposure to UV light. These seemingly contradictory effects may be explained by the balance between the relative significance of the two terms in equation (4.2). This balance is controlled by the magnitude of *k*~C~ in particular. A large value of *k*~C~ suppresses barbed ends and decreases *c*~B~, making the second term in equation (4.2) less significant. However, a large *k*~C~ also favours larger *c*~P~ (electronic supplementary material, equation (B.7)) and therefore enhances the effect of *k*~−~ in the first term of equation (4.2). Depletion of capping protein led to loss of lamellipodia \[[@RSFS20140006C39]\], perhaps because the suppression of *k*~C~ dramatically enhanced the second term and tended to produce an effectively negative *κ*, making the lamellipodium unviable. Equivalently, the increase in *c*~B~ was such that the steady-state condition *ω*~−~ \> *ω*~+~ was no longer satisfied.

Other experiments examining the role of cofilin inactivation by Lim-kinase revealed a decrease in retrograde flow velocity *v* \[[@RSFS20140006C41]\], associated with overexpression of Lim-kinase, and an increase for Lim-kinase depletion. This behaviour can be understood within our model if cofilin activity also affects *v* via *k*~+~ (equation (4.1)), possibly by generating more cytoplasmic G-actin monomers \[[@RSFS20140006C42]\].

In summary, our kinetic model provides a simple framework for considering the effect of perturbations to proteins that play a role in actin dynamics through the measurement of the lamellipodium characteristic length scale *L* = 1/*κ* and retrograde flow *v*, simple observables that can be quantified with minimal technical difficulty. In consequence, we anticipate that our study will pave the way for a systematic dissection of the role and importance of candidate proteins in lamellipodial dynamics.
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